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A sample of 45 Whistling Swans was collected in Montana 
during the spring and fall of 1973 and seven eggs were collected 
on breeding grounds in Alaska, Seven of the 45 swans had ele­
vated lead levels. In the spring sample, one swan had a liver 
concentration of 23.27 ppm, indicating active lead poisoning. A 
swan with a lead pellet in its stomach had an elevated lead level 
of 28.82 ppm in its wing tissue. Two other stomachs contained 
one lead pellet each. In the fall sample, among the 19 birds 
from which stomachs, livers, and wings were sampled, one had 
a lead pellet in its stomach and another had an elevated concen­
tration of 16.87 in its wing. One of the other 11 swans sampled 
in the fall showed an elevated concentration of 16.62 ppm in its 
wing tissue. Combining the 34 spring and fall birds from which 
stomachs, livers, and wings were examined, 17.9% had at some­
time in their lives ingested elevated concentrations of lead. 
Mercury residues in spring tissues averaged 0.13 ppm in wings, 
0.14 ppm in breast muscle, and 0.16 ppm in livers. Fall tissues 
averaged 0.08 ppm. Concentrations of mercury in eggs averaged 
0.14 ppm. DDE ranged from 0.01 to 0.05 ppm and dieldrin 
ranged from a trace to 0.01 ppm. DDT was present in 11 of the 
15 wings ranging from a trace to 0.06 ppm. Lindane and hepta-
chlor epoxide were detected in some wings at trace levels. 
Residues of organochlorine pesticides found in Whistlers were 
well below the levels that have been associated with detrimental 
effects in other avian species. 
Although males averaged larger than females of the same age 
class, the difference between most measurements was not sta­
tistically significant. Between age classes in the fall sample, 
adults averaged larger than immatures and the differences 
between several measurements were statistically significant. In 
the spring sample, similar trends were not as apparent. The 
only measurements that showed no overlap between age groups 
were fall bill lengths and fall bursa depths. 
ACKNOWLEDGEMENTS 
I wish to express sincere thanks to Dr. Bart O'Gara for his 
guidance and advice during all phases of this study. I owe special 
thanks to Dr. Ron Erickson for his direction and many helpful sug­
gestions throughout this research and all phases of my graduate work. 
My thanks are also extended to Dr. Wayne Van Meter for his 
advice and many helpful suggestions on laboratory techniques and 
critical review of this manuscript, to Dr. Philip Wright for suggesting 
this research on the Whistling Swan and his continued interest and 
critical review of the manuscript, and to Dr. Leslie Pengelly for his 
time and suggestions. 
Appreciation is also extended to Mr. Dale Witt, Refuge 
Manager of Freezeout Lake, for his cooperation during collection of 
swans, to John Eisenhower for collecting eggs on breeding grounds in 
Alaska, and to Phile and Heidi Tourangeau for their assistance and 
cooperation in the laboratory. 
Finally, and most importantly, I must thank my wife, Diana, 
for her enduring patience and constant encouragement through all 
phases of this work. 
Financial support for this study was provided by the Montana 
Cooperative Wildlife Research Unit. 
iii 
TABLE OF CONTENTS 
Page 
ABSTRACT ii 
ACKNOWLEDGEMENTS iii 
LIST OF TABLES vi 
LIST OF FIGURES vii 
CHAPTER 
I. INTRODUCTION 1 
Distribution and Migration 3 
Lead 4 
Organochlorine Pesticides 5 
Mercury 6 
II. METHODS 7 
Sample Collection 7 
Sex and Age Criteria 9 
Lead 10 
Stomach content examination 11 
Liver and wing analyses 12 
Organochlorine Pesticides 16 
Mercury 18 
III. RESULTS 22 
Sex and Age Criteria 22 
Lead 25 
Postmortem examination 25 
Stomach examination 26 
Liver and wing analyses 26 
Frequency of lead in swans 32 
Organochlorine Pesticides 33 
Mercury 35 
iv 
Page 
IV. DISCUSSION 39 
Sex and Age Criteria 39 
Lead 41 
Organochlorine Pesticides 44 
Mercury 46 
V. SUMMARY 49 
REFERENCES CITED 52 
APPENDIX 58 
SWAN MEASUREMENTS 59 
EGG MEASUREMENTS 63 
V 
LIST OF TABLES 
Table Page 
1. Precision of chemical method used for lead 15 
2. Precision of chemical method used for mercury ... 21 
3. Morphological statistics for fall sample of 
Whistling Swans 23 
4. Morphological statistics for spring sample of 
Whistling Swans 24 
5. Occurrence of lead residues in spring sample of 
Whistling Swans 30 
6. Occurrence of lead residues in fall sample of 
Whistling Swans 31 
7. Organochlorine pesticide residues in spring sample 
of wings, livers, and eggs of Whistling Swans ... 34 
8. Mercury residues in spring sample of Whistling 
Swans 36 
9. Mercury residues in fall sample of Whistling 
Swans 37 
10. Mercury residues in Whistling Swan eggs 38 
vi 
LIST OF FIGURES 
Figure Page 
1. X-ray of stomach contents 27 
2. X-ray of stomach contents 28 
3. X-ray of stomach contents 2 9 
vii 
CHAPTER I 
INTRODUCTION 
This thesis presents the results of a study undertaken to gain 
insight into the significance of lead, mercury, and organochlorine 
pesticides in Whistling Swans (Cygnus columbianus). A sample of 
Whistlers was collected in the spring and fall of 1973 and selected 
tissues were analyzed for the presence and levels of these chemicals. 
Whistling swans breed in the far north where man has had 
little influence on the environment. However, over part of the 
Whistlers* migration routes and in their wintering habitat, swans 
come in close contact with man and his pollutants. 
Of these pollutants, lead, mercury, and the organochlorine 
pesticides are of the most concern in studies of man's impact on 
waterfowl; however, information on the significance of these chemicals 
to Whistlers is scant. 
Lead poisoning from the ingestion of lead shot has been known 
as a cause of serious disease in waterfowl since the turn of the century 
(Phillips and Lincoln 1930). 
Each year, several thousand tons of lead shot are discharged 
into prime waterfowl habitat (Montague and Montague 1973). 
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Many lead pellets are ingested by waterfowl, groiind down in 
the gizzard, and absorbed by the gut, causing physiological distur­
bances which range from effects on reproduction to premature death 
(Elder 1954, Bellrose 1959, USDI 1974). As a result, several 
million ducks, geese, and swans are lost annually to lead poisoning. 
Mercury and the organochlorine pesticides (DDT, aldrin, 
lindane, heptachlor, and others) have also impacted waterfowl 
populations. Several million pounds of these chemicals are released 
annually into the environment from agricultural and industrial 
operations. Chemicals are dispersed from the original site of 
introduction by air, water, and other routes, and result in wide­
spread contamination of all living organisms (Stickel 1968 and 1973, 
D'ltri 1972). 
At present, the above chemicals are commonly found in 
tissues and eggs of many waterfowl species (Reichel and Addy 1968, 
Heath 1969, Johnson and Morris 1971, Longcore and Mulhern 1973, 
Heath and Hill 1974). Dispersion of some of these chemicals is 
believed to be directly or indirectly responsible for waterfowl 
mortality in many areas throughout the United States and Canada 
(Rudd and Genelly 1955, Dustman and Stickel 1966, Flickinger and 
King 1972). 
In addition to direct mortality, available evidence suggests 
that the sublethal effects of these compounds on reproduction can have 
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a significant impact on waterfowl populations. DDT and mercury at 
levels that occur in certain heavily polluted areas in the United States 
and Canada have, in experimental studies, impaired waterfowl repro­
duction by causing thin eggshells, poor hatching success, and reduced 
survival of offspring (Heath 1969, Longcore et al. 1971, Vermeer et 
al. 1973, Fimreite 1974, Heath and Hill 1974, Heinz 1974). 
Distribution and Migration 
The Whistling Swans' breeding grounds are in the far north 
extending from Bristol Bay, Alaska, north along the coast of the 
Bering Sea to Cape Lisburn, then east along the Canadian coast of the 
Arctic Ocean to Baffin Land (Scott 1972). 
Although migration routes of Whistlers from particular 
breeding areas have not been fully defined, some swans from the 
northern Alaskan breeding grounds apparently cross the Rocky 
Mountains in the Arctic region and join some of the Canadian birds 
flying southward through the interior of Canada. In the fall, many 
thousands of Whistlers are found on the lakes east of the Mackenzie 
River and on the lakes near the delta of Lake Athabasca in north­
eastern Alberta. From there, the birds separate, some heading over 
the prairies of Canada southeastward through North Dakota and the 
Great Lakes to winter in the Atlantic Flyway. The others travel 
southwesterly through Montana, Idaho, Wyoming, and Utah to 
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wintering grounds in the Pacific Flyway (Wilmore 1974). 
Nearly half of North America's Whistling Swans spend their 
winters in the Pacific Flyway. Small numbers of swans winter in 
British Columbia, Washington, Oregon, Idaho, Nevada, and Utah, 
but the bulk of the Pacific Flyway population spends this period in the 
Sacramento and San Joaquin valleys of California (Kinsky 1964), If 
the weather conditions are mild, substantial numbers of swans winter 
at the Bear River Migratory Bird Refuge in northern Utah (Sherwood 
1960). 
Lead 
In the major wintering areas, high concentrations of lead 
pellets have been reported. Bellrose (1959) summarized studies of 
lead shot in bottom samples of various lakes and marshes in North 
America. Samples from the Sacramento and San Joaquin valleys 
revealed concentrations of 19,602 and 59,677 pellets per acre, 
respectively. Also in those areas of California between 1948 and 
1959, an estimated 1750 Whistling Swans were found dead (Rosen and 
Bankowski 1960). Although causes of death were not verified in the 
majority of cases, many of the 1750 swans were suspected of having 
succumbed to lead poisoning. In 1959, 16 sick or dead Whistlers 
were examined and the gizzards of 12 contained lead shot. The 
numbers of pellets ranged from 6 to 158. 
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At the Bear River Refuge, high concentrations of lead were 
also found. As early as 1919, Wetmore (cited by Bellrose 1959) 
reported a considerable amount of spent shot within easy reach of 
feeding waterfowl. Further indication of high levels of lead was 
obtained from the examination of 58 Whistling Swans found dead on the 
Refuge (Sherwood 1960). Ten of the swans died of lead poisoning and 
some of them had ingested fantastically large numbers of shot. One 
swan had swallowed 2 36 pellets. 
Organochlorine Pesticides 
Elevated concentrations of organochlorine pesticides have 
been found in major wintering areas of swans. 
The wings of adult Mallards (Anas platyrhynchos) and Black 
Ducks (A. rubripes), bagged throughout the United States during the 
1965, 1966, and 1969 hunting seasons, were monitored for pesticide 
residues (Heath 1969, Heath and Hill 1974). DDE, a major metabolite 
of DDT, was the predominant organochlorine residue. Dieldrin and 
heptachlor epoxide, at relatively low levels, were the only other 
organochlorine residues detected. Black Ducks from the northeastern 
states, which have had poor reproductive success since 1955 (Reichel 
and Addy 1968), were found to contain the highest DDE residues in the 
nation, reaching 3.42 ppm in wings from New Jersey. Mallard wings 
from Utah and California were among the few that showed comparable 
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levels. In California, wings averaged 1.45 ppm DDE in 1965-66 and 
1.52 ppm DDE in 1969; in Utah, wings averaged 0.93 ppm DDE in 
1965-66 and 1.29 ppm DDE in 1969. Individuarwings from areas 
where Whistlers concentrate in California, the Sacramento and San 
Joaquin valleys, greatly exceeded the State mean, and the levels 
found in Black Ducks from New Jersey. Wings from the San Joaquin 
Valley revealed DDE residues as high as 20.10 ppm and wings from 
the Sacramento Valley as high as 41.72 ppm. 
Mercury 
In the 1969 survey, mercury was also monitored (Heath and 
Hill 1974). Relatively low levels, ranging from 0.05 to 1.0 ppm, 
were found in all wings. Mercury residues in bird wings from 
California and Utah averaged 0.08 ppm and 0.09 ppm, respectively. 
CHAPTER II 
METHODS 
A major portion of the Pacific Flyway population of Whistling 
Swans migrate through Montana in the spring and fall each year. 
During these periods. Whistlers are found in many areas through 
Montana with a major concentration in the Freezeout Lake Game 
Management Area, approximately 8 km northwest of Fairfield, in 
the central part of the State. The many thousand Whistling Swans 
which congregated in this area provided material for this study. 
Sample Collection 
In the spring of 1973 between 28 March and 13 April, 15 
Whistling Swans were shot at the Management Area under Federal 
Migratory Bird Permit Number 6-SC-44 and State Collector's Permit 
Number 625. 
During the following fall hunting season for Whistling Swans, 
conducted on a permit basis in Teton County, Montana, a hunters 
checking station was operated at Freezeout Lake. Between 15 
October and 10 November, 23 swans were necropsied. 
Specimens were identified with "S" and "F" numbers to 
designate spring and fall sarnples. 
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In addition to the birds from the Freezeout Lake area, seven 
more Whistlers were sampled. Five Whistling Swans, shot illegally 
at the Ravalli National Wildlife Refuge (renamed the Lee Metcalf 
National Wildlife Refuge in 1978) approximately 40 km south of 
Missoula, Montana, were received from authorities for examination. 
These birds were shot during the 1973 waterfowl hunting season in 
areas closed to swan hunting; exact dates were not available from the 
Refuge personnel. Two swans found in poor condition by Montana 
Fish and Game personnel were also sampled. These birds were 
found in a weakened condition in the Freezeout Lake area and held in 
captivity for approximately 30 days before death. 
Seven eggs were also collected at the Clarence Rhode 
Wildlife Range, Alaska. John Eisenhower (University of Montana 
student and summer employee at the Range), with the cooperation of 
C. Lensink (Range Manager), collected eggs at the Wildlife Range 
and sent them to the University of Montana for chemical analysis. 
When the eggs were received, they were measured and 
weighed, the contents were removed from their shells and frozen for 
later chemical analysis. Eggshells were washed, air dried, and 
measured for thickness. Measurements are presented in the 
Appendix. 
Except for the 2 3 swans necropsied at the hunters checking 
station, all specimens were frozen within 36 hours after they were 
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obtained and were later thawed and necropsied in the laboratory. 
From these specimens, fat, livers, breast muscles, gizzards, and 
wing tips were sampled. Samples were taken from the other 23 
swans at the checking station. From seven of the 23 birds, fat, 
livers, breast muscles, gizzards, and wing tips were collected; only 
wing tips were collected from the other 16 birds. All tissue samples 
were frozen until chemical analysis was performed. 
Sex and Age Criteria 
During initial examination, all swans were weighed and 
measured; ages were estimated and sex was determined. 
Ages of swans were estimated from plumage colors. The 
first winter plumage of Whistlers differs from that of mature birds 
by the inclusion of more or less gray coloring (Scott 1972). 
Sex of each bird was determined by eversion of the vent to 
detect the presence or absence of the copulatory organ, a character­
istic of male waterfowl (Elder 1946). Also, in the birds necropsied, 
sex was verified by the examination of reproductive organs. 
In addition, swans were weighed and bursa depths and total, 
wing, extent, tail, bill, and tarsus lengths of each bird were 
measured, as outlined by Pettingill (1970). 
The collection of these measurements, although not the major 
emphasis of this study, provided an opportunity to examine sex and 
10 
age variations of this species. Basic statistical values (sample mean, 
range, and standard deviation) were calculated, and statistically 
significant differences between males and females and between age 
classes were investigated. 
Lead 
Preliminary examination of all birds sampled was conducted 
at the time the bird was collected and during necropsy for detection of 
pathological lesions associated with lead poisoning. The typical 
picture of lead poisoning for swans is general weakness, prostration, 
emaciation, impaction of the proventriculus, distended gall bladder, 
a green-brownish staining of gizzard lining, discolored liver and 
intestinal tract, and green diarrhea including the staining of the 
feathers around the vent (Rosen and Bankowski 1960). The presence 
and prevalence of these signs were recorded. 
Past exposure of Whistlers to lead was evaluated by chemical 
analyses of wing tissue. During elevated exposure to lead, lead is 
rapidly deposited in bones and is relatively permanent (Coburn et al. 
1951, USDI 1974). Although the amount of lead stored in bones 
depends on several conditions, personnel of the U.S. Fish and 
Wildlife Service found that wings could be used satisfactorily to 
measure the exposure of waterfowl to lead (USDI 1974). 
In samples of swans from which livers and stomachs were 
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collected, further information was obtained by examination of those 
organs. Analysis of wing tissue indicates past exposure to elevated 
levels of lead, but does not necessarily indicate acute lead intoxi­
cation. Acute exposure is indicated by high residues of lead in livers 
and kidneys, and potentially acute exposure is indicated by the 
presence of lead pellets in stomach contents (Bagley and Locke 1967, 
Longcore et al. 1974). 
If lead shot had recently been ingested at the time of exami­
nation and had not had time to be converted to a soluble form and 
absorbed, elevated lead levels would not be present in liver tissue. 
In other instances, lead shot could have been ingested and absorbed, 
and at the time of examination not be present in stomach contents and 
the liver could contain an elevated lead level (Mississippi Flyway 
Council 1965). 
Stomach content examination. Except for sample SI3, the 
presence and number of lead pellets in stomachs of swans sampled 
were determined using x-ray equipment at the Western Montana 
Clinic. The contents of the proventriculus and gizzard were placed 
in a petri dish and spread out evenly so that one pellet would not 
obscure another. For comparison, one number 4 shot was placed in 
each of the dishes, and one blank was prepared by placing five number 
4 lead shot, vegetation, and small rocks in a petri dish. Stomach 
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contents of sample SI3 were examined by hand, using a screen and 
forceps to separate contents. 
Liver and wing analyses. Preparatory to chemical analysis, 
feathers were removed from each wing by trimming and singeing. A 
sample of approximately 2 g of bone and soft tissue was then clipped 
from the distal end of the radius-ulna portion of the wing, and weighed 
to the nearest 0.1 mg. 
To analyze liver tissue, a sample of approximately 3 g was 
taken from each liver and weighed to the nearest 0.1 mg. 
Atomic absorption spectroscopy was used to determine lead 
levels in tissue samples. The chemical methodology used was 
developed by Van Meter (unpublished) using portions of several 
published methods. This method uses closed tube digestion, avoiding 
the problem of froth formation encountered in other methods and does 
not require continuous attention during digestion. 
Samples were prepared for instrumental analysis by closed 
tube acid digestion to break down the organic matter in the sample. 
Digestion tubes were prepared by cutting 30 cm lengths of 25 mm 
pyrex tubing and closing one end with a hemispheric test tube end. 
The rim of the other end was fire polished. 
Tubes as well as all glassware were cleaned by scrubbing 
with detergent, rinsing 1) with tap water, 2) three times with hot 
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4-molar HNO3, and lastly 3) with distilled water. 
Weighed samples were transferred to digestion tubes and 
15 ml of concentrated HNO3 was added. This was a modification of 
Van Meter's method; he used 15 ml of con. H2SO4: con. HN03:3:1. 
When bone tissue was present in samples, a white precipitate formed 
during digestion with H2S04:HN03. If HNO3 was used alone, no 
precipitate formed, and lead readings were slightly higher than when 
both acids were used. Tests comparing impurities of acids indicated 
no significant difference in lead residues. 
Upon addition of digesting acid, tubes were sealed with a 
gas-oxygen torch, placed in a two-piece, capped 30-cm water pipe 
and placed in an oven for 3 hours at 150°C. Water pipes were used 
for safety of handling and for protection of the other tubes in the oven. 
During digestion, gases formed causing pressure in the sealed 
digestion tubes. In some instances, because of a defect in the glass 
tube or in the sealed ends, tubes exploded from the increased 
pressure; the use of water pipes reduced the hazard from this 
problem. Once the technique of sealing the tubes was mastered, the 
loss of tubes became minimal. 
After cooling, tubes still in capped water pipes were placed 
in a holder behind an explosion protective shield and then the top half 
of the water pipe was removed, exposing the top of the digestion tube. 
The gas-oxygen torch was positioned in a fixture so the side edge of 
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the flame hit the side of the digestion tube approximately 2 cm from 
the top, melting a small hole in the glass tube which released the gas 
pressure. Next, the tube was removed from the water pipe, the top 
removed by scoring the tube with a file and touching the scratch with 
a heated glass rod, causing the tube top to pop off. 
The sample was next transferred to a 12 5-ml flask, placed 
on a hot plate, and evaporated to near dryness. Nitric acid was added 
to the flask if digestion was incomplete (as determined by the presence 
of a brown residue). 
When digestion was determined to be complete, samples 
were dissolved in 1.0-1.5 ml of 1-molar perchloric acid, poured 
into a 5-ml volumetric flask, and filled to volume level. 
Determination of lead levels in samples was made using a 
Varian Techtron Model AA6 Atomic Absorption spectrophotometer. 
Working conditions were: 217 nm; fuel, acetylene; support, 
air; and lamp current, 10 milliampheres. Detection limit was 
0.02 Aig/ml. 
The recovery efficiency of the analytical procedure was 
evaluated by analyzing six 1- to 2-g samples of wing tissue. Three 
of the test samples were identically spiked with 15 jUg of lead; the 
other three samples were untreated. A similar test was run for 
liver tissue. 
Recovery rates were calculated by subtracting quantities of 
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lead recovered from untreated samples from quantities recovered 
from treated samples and dividing the difference by the amount 
added, times 100. Recovery rates were 89% for wing tissue and 90% 
for liver tissue. All results were expressed on a wet-weight basis 
and not corrected for recovery efficiency. 
Precision of the chemical method was evaluated by analyzing 
six subsamples from wing F15 and six subsamples from liver F5 
(Table 1). The higher deviation of results from wing tissue is 
attributed to variation in the amount of bone in each subsample. 
Table 1. Precision of chemical method 
used for lead. 
No. Wing F15 Liver F5 
(ppm) (ppm) 
1 17.85 2.57 
2 16.96 2.61 
3 16.44 2.70 
4 15.79 2.56 
5 15.36 2.64 
6 15.65 2.60 
Mean 16.34 2.61 
S. D. 0.94 0.05 
Abnormal values were verified by calculating the mean 
deviation excluding the elevated result. If the deviation of the elevated 
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reading was more than four times the mean deviation of the other 
results, it was considered an abnormal value (Grimshaw and Lindley 
1974). 
Organochlorine Pesticides 
The occurrence of organochlorine pesticide residues in 
samples was evaluated by chemical analysis of wing tissue, eggs, and, 
in some samples, fat and liver tissues. Wings were selected because 
they have been reported as suitable indicators of body residues (Heath 
and Prouty 1967, Dindal and Peterle 1968). 
Results of the analysis of the spring sample of wings 
indicated extremely low residues. To verify these results, a sample 
of liver and fat tissues from five of the spring birds were analyzed for 
pesticides. Fat and liver tissues are major storage and metabolic 
sites for organochlorine pesticides (Stickel 1973). The fat and liver 
tissues also indicated low residues, therefore, after the eggs were 
analyzed, further pesticide analysis was terminated. 
Measurements of eggshell thickness were not compared to 
pre-DDT use thickness measurements because of the low residues 
found and because all eggs collected were partially incubated, some at 
advanced stages. Eggshell thickness decreases during incubation 
(Vanderstoep and Richards 1971), complicating evaluation of pesticide 
influences (Cooke 1973). 
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Analytical methodology and cleanup procedures generally 
followed those outlined in the U.S. Food and Drug Administration's 
Pesticide Analytical Manual (1969). 
Preparatory to analysis, feathers were removed from each 
wing by trimming and singeing. Each sample of wing, fat, liver, and 
egg were ground separately in a hand-operated meat grinder and a 
20-g aliquot was removed for analysis. The ground 20-g aliquot was 
mixed with anhydrous sodium sulfate, to bind any moisture present, 
and extracted for 7 hours with 5% ethyl ether-petroleum-ether mixture 
in a soxlet apparatus. Extracts were concentrated to 10 ml in a 
Kuderna Danish Evaporator and then cleaned by acetonitrile-petroleum-
ether partitioning. After partitioning, the extract solution was con­
centrated again, this time to 5 ml, and then eluted through a Florisil 
column (20 cm x 10 mm, filled with 7 cm of Florisil and 1 cm of 
anhydrous sodium sulphate) in two fractions, the first containing 6% 
ethyl ether and 94% petroleum ether, and the second containing 15% 
ethyl ether and 85% petroleum ether. The Florisil had been prepared 
by heating to 130° for 24 hours. The column was prewetted with 
petroleum ether prior to addition of samples. The two fractions were 
separately concentrated to 1 ml and analyzed separately by electron 
capture gas chromatography using a Pye Unicam Gas Chromatograph 
with a nickel-63 detector. The operating parameters were approxi­
mately: column, glass 1.83 m x 0.64 cm OD, packed with 10% 
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DC-200 on 100/120 mesh Gaschrom Q; Carrier gas. Nitrogen at 
120ml/min.; and temperature, column 200°C, detector 250°C. 
The detection limits for organochlorine pesticides tested 
ranged from 0.1 ng to 0.5 ng in solution. 
The recovery efficiency of the analytical procedure was 
evaluated by analyzing four 10-g samples of wing tissue known to 
contain only trace quantities of residues. One sample remained 
untreated and three were identically spiked with one iJig of the 
following six chemicals: lindane, heptachlor epoxide, DDE, DDD, 
DDT, and dieldrin. Recovery rates were: 85% for lindane, 87% for 
heptachlor epoxide, 92% for DDE, 88% for DDD, 85% for DDT, and 
90% for dieldrin. All residues were expressed on a wet-weight basis 
and not corrected for recovery efficiency. 
The possibility of interference from polychlorinated 
biphenyls with the determination of organochlorine pesticides was 
evaluated by a method described by Anderson et al. (1969). Three 
samples with known concentrations of pesticides were selected and 
treated with alcoholic KOH. Polychlorinated biphenyls were 
estimated by the height of the peak DDD and DDT and from the peak 
of DDT after saponification. 
Mercury 
The occurrence of mercury in samples was evaluated by 
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analyzing wing tissue and eggs. In samples from which liver and 
breast tissues were collected, those tissues were also analyzed. 
These tissues were selected because they had been used satisfactorily 
to monitor mercury in other wildfowl (Johnson and Morris 1971, 
Adley and Brown 1972, Kleinert and Degurse 1972, Vermeer and 
Armstrong 1972, Heath and Hill 1974). 
Procedures preparatory to analysis were identical to those 
used for lead. 
Total mercury was determined by cold vapor atomic absorp­
tion. The method used was developed by Van Meter (unpublished) 
using portions of several published methods. The procedure most 
closely resembles that of Uthe et al. (1970). 
The photometric system consisted of a Beckman DB 
Spectrophotometer, a Beckman Model 130AA System, and a Beckman 
25.4-cm potentiometric recorder. The optical cell was a Luminon 
Type 34, with a 100-mm path length, 22-mm outside diameter, and 
two standard taper ports. 
The digestion step was identical to that used for lead analysis. 
For mercury analysis the main advantage in using sealed pyrex tubes 
during the digestion process is reduction of the loss of mercury 
through volatilization. Van Meter (unpublished) found in other methods 
that up to 40% of contained mercury in a sample may be vaporized 
during the digestion step. Van Meter verified that the amoimt of 
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mercury lost using closed tube digestion is less than the detection 
limit of the atomic absorption system used, approximately 20 ng. 
After digestion, tubes were opened; each sample was trans­
ferred to a three-necked flask designed for attachment to the atomic 
absorption analysis system. A 6% (W/V) potassium permanganate 
solution was slowly added to the sample until a purple color persisted 
(approximately 15 ml). After 30 minutes, the volume of the sample 
solution was made to 100 ± 5 ml, and connected to the analytical 
apparatus. Fifty ml of stannous chloride were added, reducing the 
mercury to elemental mercury and after 2 minutes, an air stream was 
switched to pass through the sample solution, sweeping the mercury 
through a 10-cm absorption cell mounted in the atomic absorption 
light beam. The resultant absorption as measured is directly propor­
tional to the peak area produced by a known spike run from the same 
matrix. 
Detection limit was 0.05 jug and sensitivity was 0.01 tug. 
Recovery efficiency of the analytical procedure was deter­
mined by analyzing six, 1- to 2-g samples of wing tissue known to 
contain only trace quantities of mercury. Three of the test samples 
remained untreated, and three were identically spiked with 1 /ug of 
mercury. Similar tests were run for liver tissues and breast muscles. 
Recovery rates for all tissues were approximately 95%. 
All results were expressed on a wet-weight basis and not 
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corrected for recovery efficiency. 
Precision of the chemical method was evaluated by analyzing 
six subsamples from wing S7 and six subsamples from liver S6 
(Table 2). 
Abnormal values were verified by calculating the mean 
deviation, excluding the elevated result. If the deviation of the 
elevated reading was more than 4 times the mean deviation of the 
other results, it was considered an abnormal value (Grimshaw and 
Lindley 1974). 
Table 2. Precision of chemical method 
used for mercury. 
No. Wing S7 Liver S6 
(ppm) (ppm) 
1 0.28 0.34 
2 0.20 0.27 
3 0.16 0.28 
4 0.18 0.31 
5 0.21 0.27 
6 0.19 0.37 
Mean 0.20 0.30 
S. D. 0.04 0.04 
CHAPTER III 
RESULTS 
Sex and Age Criteria 
Tables 3 and 4 give the sample size, mean, range, and 
standard deviation of measurements taken during initial examination 
of swans. 
Males averaged larger than females of the same age class 
except for tail length of immatures. However, no significant differ­
ences (at the 0.05 level) were found between the sex classes, except 
for wing and bill lengths of fall adults, and the right tarsus lengths of 
spring adults. The only measurement which showed no overlap 
between sexes was the left wing of fall adults. Males ranged from 
53.5 to 56.0 cm and females ranged from 49,0 to 52.0 cm. 
Between age classes in the fall sample, adults averaged 
larger than immatures, except for the lengths of wings and tarsi. 
For these, immature males averaged larger than adult females. 
Similar trends are not as apparent between age classes in the spring 
sample; however, sample size precludes any meaningful interpreta­
tion. 
Of the differences in measurements between age classes, the 
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Table 3. Moi'phological statistics for fall sample of Whistling Swans.' 
Variable Class 
Sample 
Size Mean Range 
Standai'd 
Deviation 
Weight AM 7 7517.6 5365 - 9255 1299.2 
(g) AF 6 6603.5 5630 - 7861 951.0 
IM' 7 5690.0 4435 - 7227 1019.6 
IF^ 5 5447.8 4009 -6465 993.0 
Bursa depth AM 7 1.71 0.8 -3.0 0.80 
(cm) AF 7 1.26 0.3 -2.6 0.80 
IM 8 3.60 3.1 - 5.0 0.62 
IF 6 4.23 3.1 -5.0 0.66 
Total length AM 7 125.70 118.5 - 131.0 4.70 
(cm) AF 7 122.50 114.5 - 130.0 4.82 
IM 8 116.41 110.0 - 120.0 3.79 
IF 6 112,40 108.0 - 121.5 5.06 
Wing length AM 7 54.57 53.0 - 56.0 0.93 
right AF 7 51.21 49.0 - 53.0 1.41 
(cm) IM 8 50.81 49.0 - 52.0 1.25 
IF 6 . 49.25 46.0 - 52.0 2.42 
Wing length AM 7 54.57 53.5 - 56.0 0.78 
left AF 7 50.50 49.0 - 52.0 1.04 
(cm) IM 8 51.13 48.5 - 53.0 1.36 
IF 6 49.50 48.0 - 52.0 1.52 
Extent length AM 6 196.17 183.0-211.0 10.59 
(cm) AF 7 195.29 180.0 -208.5 9.96 
IM 8 192.25 188.0 -201.0 5.09 
IF 6 185.58 171.0 - 193.0 8.50 
Tail length AM 7 17.20 15.4 -20.0 1.72 
(cm) AF 7 16.03 15.0 - 17.0 0.78 
IM 8 15.00 12.5 - 18.5 1.85 
IF 6 15.17 13.5 - 16.5 1.08 
Bill length AM 7 10.47 9.8 - 11.0 0.35 
(cm) AF 7 9-73 9.4 - 10.4 0.37 
IM 8 8.31 7.5- 8.9 0.53 
IF 6 7.95 7.3 - 9.0 0.59 
Tarsus length AM 6 14.30 13.4 - 15.6 0.72 
right AF 7 13.34 12.7 - 14.2 0.50 
(cm) IM 8 13.71 12.3 - 14.6 0.72 
IF 6 13.26 12.6 - 14.2 0.54 
Tarsus length AM 7 14.24 13.3 - 15.6 0.71 
left AF 7 13.15 12.4 - 13.9 0.51 
(cm) IM 7 13.62 12.7 - 14.6 0.65 
IF 5 13.38 13.0 - 14.5 0.64 
^See Appendix for raw data. 
^Samples F2 9 and F30 not included. 
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Table 4. Morphological statistics for spring sample of Whistling Swans.' 
V ariable Class 
Sample 
Size Mean Range 
Standard 
Deviation 
Weight AM 5 7618.8 6038 - 9179 1284.9 
(g) AF 5 6747.2 5856 - 7507 678.8 
IM 3 6175.0 6031 -6320 144.5 
IF 2 5963.0 5853 - 6073 155.6 
Bursa depth AM 5 1.58 1.1 -2.4 0.50 
(cm) AF 5 1.80 0.5 - 3.0 1.06 
IM 3 3.56 3.0 -4.2 0.60 
IF 2 3.00 3.0-3.0 0.00 
Total length AM 5 126.90 118.0 - 131.9 5.33 
(cm) AF 5 119.62 118.0 - 124.6 2.81 
IM 3 121.03 116.6 - 124.0 3.90 
IF 2 118.25 114.5 - 122.0 5.30 
Wing length AM 5 53.40 50.0 - 55.5 2.10 
right AF 5 50.10 48.0 - 52.0 1.49 
(cm) IM 3 52.50 51.0-54.5 1.80 
IF 2 51.75 51.4 -52.0 0.42 
Wing length AM 5 53.26 51.2 -56.0 1.86 
left AF 5 50.40 48.0 -52.5 1.63 
(cm) IM 3 52.40 51.0 -54.2 1.63 
IF 2 51.50 51.0-52.0 0.70 
Extent length AM 5 198.00 192.0 -204.0 4.30 
(cm) AF 5 197.00 189.0 -205.0 5.95 
IM 3 202.33 199.0 -205.0 3.06 
IF 2 191.50 181.0 -202.0 14.85 
Tail length AM 5 21.28 20.0 -23.0 1.45 
(cm) AF 5 19.26 16.5 -21.2 1.96 
IM 3 17.93 16.3 - 19.0 1-44 
IF 2 16.50 15.0 - 18.0 2.12 
Bill length AM 5 10.34 9.8 - 10.6 0.34 
(cm) AF 5 9.92 9.4 - 10.5 0.41 
IM 3 9.66 9.3 - 10.2 0.47 
IF 2 9.15 8.8- 9.5 0.49 
Tarsus length AM 5 13.86 13.5 - 14.0 0.21 
right AF 5 12.94 12.5 - 13.4 0.43 
IM 3 14.16 13.7 - 14.6 0.45 
IF 2 13.85 13.5 - 14.2 0.49 
Tarsus length AM 5 13.94 13.5 - 14.4 0.32 
left AF 5 13.00 12.5 - 13.5 0.45 
(cm) IM 3 14.03 13.7 - 14.4 0.35 
IF 2 13.65 13.3 - 14.0 0.49 
'See Appendix for raw data. 
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following were found to be statistically significant at the 0.05 level. 
Adult males vs. immature males--fall weights, fall total 
lengths, fall wing lengths, fall bill lengths, and spring and fall bursa 
depths. 
Adult males vs. immature females--fall weights, fall total 
lengths, fall wing lengths, fall tail lengths, fall bill lengths, fall tarsus 
lengths, and spring and fall bursa depths. 
Adult females vs. immature females--fall total lengths, fall 
bill lengths, and fall bursa depths. 
Adult females vs. immature males--fall total lengths, fall 
bill lengths, spring tarsus lengths, and fall bursa depths. 
The only measurements which showed no overlap between age 
groups were the fall bill lengths and fall bursa depths. Bills of fall 
adults ranged from 9.4 to 11.0 cm, and those of fall immatures ranged 
from 7.3 to 9.0 cm. Bursas of fall adults ranged from 0.3 to 3.0 cm, 
and those of fall immatures ranged from 3.1 to 5.0 cm. 
Lead 
Postmortem examination. Necropsies of the 15 swans 
sampled in the spring revealed pathological lesions associated with 
lead poisoning only in bird S6. This swan had slight discoloration of 
liver tissue and greenish-brown staining of the gizzard lining. These 
symptoms were not pronounced. 
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In the fall, 19 of the 30 birds examined were necropsied. Of 
these 19 birds, F29 and F30 were significantly below the average 
weight of birds of the same age and sex. However, necropsies 
revealed no pathological lesions associated with lead poisoning. These 
two birds were found in poor condition and held in captivity for approx­
imately a month before death. Game farm personnel reported that the 
birds did not feed regularly during captivity. 
Of the other 17 birds necropsied, only F4 showed any abnor­
malities. In this bird, infection was present in the breast muscle and 
overlaying skin tissue, indicating an earlier shot wound. 
The other 11 swans in the fall sample, that were not necropsied, 
showed no outward lesions associated with lead poisoning. 
Stomach examination. X-rays (Figs. 1, 2, and 3) showed 
that four of the 32 stomachs examined contained lead shot. In the 
spring sample, birds SI, SIO, and S14 each had one pellet present. In 
the fall sample, one ingested lead pellet was found in F24. All birds 
in the spring sample having ingested shot were adult females; the fall 
sample bird with ingested shot was an immature female. 
Liver and wing analyses. Concentrations of lead found in 
liver and wing tissues are presented in Tables 5 and 6. Wing tissue 
from spring samples, minus an elevated sample, averaged 12.12 ppm 
lead and ranged from 6.90 to 15.96 ppm. Bird S14, an adult female. 
1. x-ray of stomach contents. 
Specimens 
Row 1 F30 F2 9 F28 
Row 2 F27 F26 F25 
Row 3 F24 F23 F21 
Row 4 F18 F19 F20 

2. X-ray of stomach contents. 
Specimens 
Row 1 F17 F8 F7 
Row 2 F4 F5 F6 
Row 3 S15 814 S12 
Row 4 811 810 Blank 

3. X-ray of stomach contents. 
Specimens 
Row 1 S7 S8 S9 
Row 2 S4 S5 S6 
Row 3 SI S2 S3 
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Table 5. Occurrence of lead residues in spring sample of 
Whistling Swans. 
No. Sex Age 
No. of 
Pellets Liver W ing 
SI A 
(ppm) 
2.17 
(ppm) 
11.97 
S2 cf 0 1.89 13.21 
S3 A 0 1.63 14.40 
S4 A 2.37 14.62 
S5 A 1.53 14.37 
S6 23.27 10.28 
S7 0 1.03 6.90 
S8 A 1.34 8.99 
S9 
SIO 
Sll 
S12 
S13 
S14 
S15 
A 
cT 
0 
1 
0 
0 
0 
1 
0 
0.98 
1.94 
1.19 
2.56 
1.65 
1.69 
1.00 
14.24 
11.67 
14.18 
8.37 
15.96 
28.82 
10.51 
Mean 1.64 12 .12  
S. D. 0.49 2.65 
Table 6. Occurrence of lead residues in fall sample of 
Whistling Swans. 
No. of 
No. Sex Age Pellets Liver Wing 
(ppm) (ppm) 
F1 cT A N D N D 11.08 
F2 ? I N D N D 10.52 
F3 d* I N D N D 7.82 
F4 9 I 0 1.39 10.99 
F5 ? A 0 2.61 16.87 
F6 ? A 0 1.82 10.33 
F7 d* I 0 1.72 9.12 
F8 ? A 0 1.63 9.98 
F9 N D A N D N D 9.99 
FIO d A N D N D 10.06 
Fll ? A N D N D 11.58 
F12 cT A N D N D 11.84 
F13 d* I N D N D 11.20 
F14 9 I N D N D 10.55 
F15 ? I N D N D 16.62 
F16 d* I N D N D 10.75 
F17 ? I 0 1.20 10.51 
F18 cf A 0 2.20 12.06 
F19 ? A 0 2.19 12.37 
F20 d A 0 1.24 11.05 
F21 d A 0 1.81 9.49 
F22 N D I 0 2.75 12.09 
F23 ? A 0 1.12 9.52 
F24 ? I 1 1.32 9.24 
F2 5 d I 0 1.15 7.89 
F26 d A 0 2.51 11.12 
F27 d I 0 1.50 7.23 
F28 d I 0 1.50 10.17 
F2 9 d I 0 2.09 12.28 
F30 ? I 0 2.64 8.38 
Mean 1.81 10.33 
S. D. 0.53 1.33 
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had an elevated level of 28.82 ppm. Liver tissue from spring samples, 
minus elevated samples, averaged 1.64 ppm lead and ranged from 
0.98 to 2.56 ppm. Bird S6, an adult male, had an elevated reading of 
23.27 ppm. 
The fall samples of wings, minus elevated levels, averaged 
10.33 ppm lead, and ranged from 7.23 to 12.37 ppm. Samples F5, an 
adult female, and F15, an immature female, had elevated levels of 
16.87 and 16.62 ppm. The liver tissues from the fall samples averaged 
1.81 ppm lead and ranged from 1.12 to 2.75 ppm; there were no 
elevated readings. 
Frequency of lead in swans. In the spring sample, four of 
the 15 swans examined showed evidence of elevated lead exposure. At 
the time of examination, four Whistlers had recently been exposed, as 
was evident by the presence of lead in gizzards or liver. One of these 
had also survived previous elevated lead ingestion, as evidenced by 
elevated levels in wing tissue. 
In the fall, among the 19 birds from which stomach, liver, 
and wings were sampled, two showed evidence of elevated lead 
exposure. At the time of examination, one swan had lead in its 
gizzard, indicating recent exposure, and one had survived previous 
elevated lead exposure, indicated by elevated wing levels. Of the 
other 11 swans, in which only the wings were analyzed, one additional 
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swan showed previous lead exposure; thus, two of the total fall 
samples showed previous elevated lead exposure. 
Combining the 34 spring and fall birds in which stomach, 
liver, and wings were examined, 17.9% had at some time in their lives 
ingested elevated concentrations of lead. At the time of examination, 
14.7% of the swans had recently ingested elevated concentrations of 
lead, and 5.9% had survived previous elevated lead exposure. 
Organochlorine Pesticides 
Concentrations of organochlorine pesticides are presented in 
Table 7. DDE and dieldrin were present in measurable quantities in 
all swan wings in the spring sample. DDE ranged from 0.01 to 0.05 
ppm and dieldrin ranged from a trace to 0.01 ppm. DDT was present 
in 11 of the 15 wings in the spring sample, ranging from a trace to 
0.06 ppm. Lindane was present in two wings at trace levels. 
Heptachlor epoxide was found at trace levels in three wings. 
The five spring-sample livers that were analyzed showed no 
detectable residues. In the fat samples of these same five birds, DDE 
was the only chlorinated hydrocarbon detected; the levels ranged from 
0.04 to 0.15 ppm. 
Analysis of egg contents revealed DDE in all samples ranging 
from 0.01 to 0.03 ppm. 
PCB's were not present at detectable levels in any of the 
samples tested. 
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Table 7. Organochlorine pesticide residues in spring sample of wings, 
livers, and eggs of Whistling Swans. 
No. Sex Age DDE DDT Dieldrin Lindane 
Heptachlor 
epoxide 
(ppm) (ppm) (ppm) (ppm) (ppm) 
Wings SI ? A 0.03 0.06 0.01 T T 
S2 d* A 0.01 0.03 0.01 T 
S3 d- A 0.02 T 
S4 d- A 0.03 0.06 0.01 
S5 d- A 0.01 T 
S6 d- I 0.05 0.05 T 
S7 d* I 0.02 T T 
S8 ? I 0.04 T T 
S9 ? I 0.02 T 0.01 
SIO ? A 0.03 T 0.01 T 
SIX d I 0.04 0.01 
S12 ? I 0.03 T 0.01 
S13 ? A 0.02 T 0.01 T 
S14 ? A 0.02 T T 
S15 d" A 0.02 T 
Fat SI ? A 0.04 0.06 
S5 d' A 0.05 
SIO ? A 0.15 0.02 
S12 ? I 0.11 0.16 
S15 d- A 0.14 T 
Liver SI ? A 0.06 
Sf d" A 
SIO ? A 
S12 ? I 
S15 d A 
Eggs El 0.01 
E2 0.02 
E3 O
 
b
 
E4 0.03 
E5 0.02 
E6 0.02 
E7 0.02 
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Mercury 
Concentrations of mercury found in samples are presented in 
Tables 8, 9, and 10. 
Mercury concentrations in spring-sample wing tissues 
averaged 0.13 ppm ranging from 0.05 to 0.30 ppm; in breast muscle 
tissues from the spring sample, mercury averaged 0.14 ppm ranging 
from 0.08 to 0.26 ppm; and in liver tissue from the spring sample, 
mercury averaged 0.16 ppm ranging from 0.08 to 0.24 ppm. 
Mercury concentrations in wing tissues from the fall sample 
averaged 0.08 ppm, ranging from 0 to 0.24 ppm; in breast muscle 
tissue, it averaged 0.16 ppm, ranging from 0.05 to 0.31 ppm; and in 
liver samples, mercury residues averaged 0.20 ppm, ranging from 
0.06 to 0.57 ppm. 
Concentrations of mercury in eggs averaged 0.14 ppm, 
ranging from 0.05 to 0.33 ppm. 
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Table 8. Mercury residues in spring sample of Whistling Swans. 
No. Sex Age Breast Muscle Liver Wing 
51 
52 
53 
54 
55 
56 
57 
SB 
S9 
810 
511 
512 
813 
814 
815 
? 
d* 
d-
d* 
d* 
d* 
d-
? 
? 
? 
d* 
? 
? 
? 
d* 
A 
A 
A 
A 
A 
I 
I 
A 
I 
A 
I 
I 
A 
A 
A 
Mean 
(ppm) 
0.08 
0.26 
0.11 
0.17 
0.15 
0.13 
0.08 
0 . 2 1  
0.17 
0.10 
0.09 
0.09 
0.14 
0.19 
0.19 
0.14 
(ppm) 
0.16 
0.24 
0.12 
0.08 
0.19 
0.30 
0.08 
0.16  
0.10 
0.05 
0.17 
0.09 
0.22 
0 .21 
0 .21  
0.16 
(ppm) 
0.09 
0.07 
0.16  
0.09 
0.16 
0.10 
0 .21  
0.16 
0.08 
0.10 
0.13 
0.05 
0.30 
0.15 
0.09 
0.13 
8. D. 0.05 0.07 0.06 
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Table 9. Mercury residues in fall sample of Whistling Swans. 
No. Sex Age Breast Muscle Liver Wing 
(ppm) (ppm) (ppm) 
F1 d A N D N D 0.09 
F2 ? I N D N D 0.07 
F3 d* I N D N D T 
F4 ? I 0.10 0.06 0.07 
F5 ? A 0.31 0.35 0.12 
F6 ? A 0.09 0.06 0.08 
F7 cf I 0.20 0.32 0.11 
F8 ? A 0.17 0.20 0.16 
F9 N D A N D N D T 
FIO d A N D N D 0.05 
Fll ? A N D N D T 
F12 d A N D N D 0.06 
F13 d A N D N D 0.05 
F14 ? I N D N D T 
F15 ? I N D N D 0.15 
F16 d I N D N D 0.10 
F17 ? I 0.20 0.25 0.21 
F18 d A 0.19 0.31 0.21 
F19 ? A 0.20 0.12 0.06 
F20 d A 0.11 0.08 0.0 
F21 d A 0.20 0.20 0.0 
F22 N D I N D 0.57 T 
F23 ? A 0.20 0.20 0.24 
F24 ? I 0.13 0.10 0.11 
F2 5 d I 0.11 0.29 T 
F26 d A 0.09 0.11 0.08 
F2 7 d I 0.17 0.25 T 
F28 d I 0.27 0.12 0.05 
F2 9 d I 0.14 0.16 0.0 
F30 ? I 0.05 0.12 0.07 
Mean 0.16 0.20 0.08 
S. D. 0.06 0.12 0.06 
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Table 10. Mercury residues in 
Whistling Swan eggs. 
No. Residues 
(ppm) 
El 0.10 
E2 0.24 
E3 0.33 
E4 0.08 
E5 0.13 
E6 0.07 
E7 0.05 
Mean 0.14 
S.D. 0.10 
CHAPTER IV 
DISCUSSION 
Sex and Age Criteria 
Although plumage color was used to estimate age of Whistlers 
in this study, the reliability of this method is uncertain and needs to 
be verified. As pointed out earlier, the first winter plumage of 
W^histlers differs from that of mature birds by the inclusion of more 
or less gray coloring (Scott 1972). However, the length of time 
required for juveniles to assume adult plumage is questioned 
(Kortright 1942). 
In addition, the use of plumage color as an age estimator for 
Whistling Swans is questionable because of reports that other species 
of swans can take on the pure white plumage in the first year of life. 
Both Mute (Cygnus olor) and Trumpeter (Cygnus buccinator) cygnets 
occasionally pass straight into the white plumage instead of the usual 
brown-gray (Scott 1972). No documentation bearing on this question 
was found for Whistling Swans, but if some do pass straight into white 
plumage, this could cause errors in estimating age. 
Of the eight measurements taken during initial examination, 
the depth of the Bursa of Fabricius and length of bill showed the most 
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promise to help verify age estimates from plumage color of Whistlers. 
Both measurements showed no overlap between age classes in the fall 
sample. 
However, in the spring sample, overlap between age classes 
was observed for both these measurements, but to a lesser extent for 
bursa depth. Only one spring adult female bursa (3.0 cm) fell in the 
range of immatures (3.0 to 4.2). This finding can be explained; the 
bursa does not fully regress until sexual maturity is reached. Swans 
probably acquire adult plumage 1 or more years before reaching 
maturity. 
Between male and female Whistlers of the same age class 
none of the measurements appear to be reliable characters for distin­
guishing sex, with the possible exception of wing length in fall adults. 
And for the wing measurements, only the left wing of fall adults showed 
no overlap. Larger sample size may reveal this parameter to be 
unreliable also. 
With the exception of wing and bill lengths of fall adults, and 
the right tarsus length of spring adults, the differences in size of male 
and female Whistling Swans is not statistically significant. This is in 
contrast to what has been found for most other waterfowl (Elder 1946 
and 1954). 
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Lead 
The incidence of lead in this sample of Whistling Swans is 
higher than the average found for waterfowl throughout the United 
States, but not as severe as found in some monitoring studies confined 
to more localized areas. Bellrose (1959) investigated the exposure of 
waterfowl to lead shot by examining the contents of 36,145 gizzards 
from 20 different species of waterfowl bagged by hunters throughout 
the United States. Lead shot was recovered from 6.7% of all the 
ducks and 0.95% of the geese. In comparison, the combined spring 
and fall incidence of ingested shot for Whistling Swans examined in the 
present investigation was 12%, or about twice that of ducks sampled 
by Bellrose, and about 12 times as great in comparison to the geese 
he sampled. 
However, in comparison to localized studies, the incidence 
of lead found in this study of swans is less. A sample of 232 Mallard 
gizzards taken in 1973 in Oregon revealed a shot incidence of 42.2% 
(Oregon Wildlife Commission cited in USDI 1974). In Florida, 54% 
of 202 Ring Neck Ducks (Aythya collaris) contained ingested pellets 
(USDI 1974). Malysheff (1951) analyzed bones and livers of waterfowl 
taken in the lower Fraser Valley of British Columbia and found that 
52.1% of 79 Mallards and 38.2% of 35 Pintails (Anas acuta) showed 
evidence of elevated lead exposure. 
86 was the only bird in the present study with a level of lead 
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indicating active lead poisoning, 23.2 ppm in the liver tissue. This 
concentration is in the same range, 10 to 64 ppm, as that found by 
Trainer and Hunt (1965) in the livers of swans that had succumbed to 
lead poisoning. S6 also had pathological lesions associated with lead 
poisoning, greenish-brown staining of the gizzard lining and dis­
coloring of the liver, but no lead pellets were found in the stomach 
contents. 
The absence of lead pellets in stomach contents of lead 
poisoned waterfowl is not unusual. Waterfowl, suspected or known to 
have died from lead poisoning, have had no pellets in their stomach 
contents at the time of death. Biologists investigating outbreaks of 
lead poisoning in waterfowl of the Mississippi Flyway, 1938-1955, 
examined samples of dead and dying Mallards for ingested shot 
(Bellrose 1959). Although 10.4% of the drakes and 13.0% of the hens 
carried no shot in their gizzards, most, if not all, of these were 
victims of lead poisoning. Bellrose (1959) also cited an unpublished 
study by Jordan, who found, under controlled conditions, that 21% of 
captive Mallards dosed with one to four number 6 shot had no pellets 
in their gizzards at time of death. 
The higher incidence of lead exposure in the spring sample 
(2 7%) than the fall sample (10%) is consistent with reports of lead 
poisoning outbreaks in swans. Both Bellrose (1959) and Trainer and 
Hunt (1965) found that lead poisoning outbreaks in Whistlers were more 
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common in the spring than in the fall. 
Trainer and Hunt (1965) speculated on the reasons for the 
greater incidence of lead poisoning in swans during spring. In the 
spring, swans have a better opportunity to acquire pellets in one of the 
southern, heavily hunted areas of the United States than during the fall. 
Then, migrating birds are returning from their breeding grounds 
where limited, if any, lead shot would be available. Furthermore, 
swans migrate in large flocks and remain in one area for long periods 
during spring and feed undisturbed in shallow lakes and marshes, some 
of which are heavily hunted during the fall. In the fall, swans normally 
migrate in smaller groups. During this season, hunting activities push 
the birds out of areas contaminated with lead so they remain in such 
areas for shorter periods during migration. These factors tend to 
prevent a large build up of swans in the fall compared to the spring. 
The significance of one lead pellet in the stomach contents of 
the Whistlers sampled is not presently apparent. One number 4 lead 
shot can cause death in ducks (Coburn et al. 1951), while four to five 
number 4 lead shot is considered lethal to Canada Geese (Branta 
canadensis) (Cook and Trainer 1966). However, the amount of lead 
shot that constitutes a fatal dose varies with the species, feeding 
habits, and other factors (Olney 1960). 
Even if one lead pellet is not lethal to a Whistling Swan, the 
possibility of sublethal poisoning is present. In studies of geese, two 
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number 4 pellets were found to cause lead levels in the blood to rise 
without clinical signs of lead poisoning (Cook and Trainer 1966). The 
significance of the increased blood levels is not certain, but the 
researchers speculated that the greatest effect of lead poisoning may 
not be mortality, but subclinical disease with its subsequent effects on 
susceptibility to other diseases, predators, and natural elements. 
Organochlorine Pesticides 
Residues of organochlorine pesticides found in Whistling Swan 
tissues and eggs were less than those found in other waterfowl moni­
toring studies, particularly when compared with Mallards from major 
wintering areas of swans. Mallards sampled in California averaged 
1.52 ppm DDE (Heath and Hill 1974), approximately 10 times greater 
than the highest residues found in Whistlers sampled in this study. 
Explanations of the low residues found in swans can only be speculative, 
but could be attributed to feeding habits, physiology, or history of 
exposure. 
The diets of Whistlers and Mallards appear to be similar. 
The principal feeding areas of both species are shallow waters, and 
feeding is primarily confined to plant materials although plant species 
are somewhat different (Kortright 1942, Scott 1972). Dustman and 
Stickel (1969) pointed out that quantities of pesticides in the tissues of 
wild waterfowl are related to their feeding habits, and presumably are 
45 
primarily a reflection of contamination of the food supply. However, 
abilities of different species to absorb and metabolize pesticides may 
produce differences in residue accumulation that cannot be fully 
separated from differences related to feeding habits. 
Another factor contributing to the lower residues of organo-
chlorines found in Whistlers in comparison to Mallards sampled from 
swans' wintering areas, could be the decreased use of DDT in 
California. The California legislature completely banned the use of 
DDT for homes and gardens, crop dusting, and treating farm livestock 
as of 1 January 1970 (Edwards 1973). Therefore, DDT was still in 
use in 1969 when Mallards were sampled, but by 1973 when swans were 
sampled, DDT use had been restricted for 2 years. 
The above hypotheses were based on the assumption that swans 
sampled in this study wintered in areas containing elevated pesticide 
residues. Although the valleys of California are major wintering 
grounds for Whistlers, swans scatter widely from southern Alaska to 
Washington, Oregon, Idaho, and Nevada (Kinsky 1964). If swans 
collected in this study wintered in areas other than areas believed to 
contain elevated residues, then residues found could be reflecting 
lower exposure levels. 
Whatever the reason, residues found in Whistlers are well 
below the levels that have been associated with detrimental effects 
observed in other avian species. Peakall (1970) found that an average 
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concentration of 77 ppm DDE in tissues of Ring Doves (Streptopelis 
risoria) was associated with eggshell thinning of 23%, while Smith et 
al. (1970) found that a concentration of 117 ppm DDT and metabolites 
in abdominal fat of Chickens (Gallus domesticus) was related to 11% 
shell thinning. Dewitt et al. (1960) reported that in Pheasants and 
Bobwhite Quail (Colinus virginianus) a muscle concentration of 20 to 
30 ppm or more was diagnostic of acute intoxication. In avian popu­
lations in which organochlorine pesticides have been implicated as the 
cause of thin eggshells, egg residues ranged from 34 to 2 525 ppm DDE 
(Anderson and Hickey 1972). In the Brown Pelican (Pelecanus 
occidentalis), one of the most sensitive avian species to DDE-induced 
eggshell thinning, the calculated zero-effect level in eggs was 0.5 ppm 
DDE (Blus et al. 1974), nearly 20 times greater than the highest 
residue recorded in Whistling Swan eggs. 
If Whistlers respond to these chemicals in the same manner 
as other avian species, the residue level found in this sample of 
Whistling Swans is of minimal significance. 
Mercury 
Monitoring studies have shown variable levels of mercury in 
waterfowl; however, most species of ducks and geese sampled have 
revealed low mercury residues. Mercury levels in waterfowl collected 
in Wisconsin ranged from a trace to 3.39 ppm in liver and muscle 
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tissues. In puddle ducks, mercury averaged 0.09 ppm in muscle 
tissues and 0.23 ppm in livers; in divers, mercury averaged 0.13 ppm 
in muscle tissues, and 0.45 ppm in livers. Geese averaged 0.01 ppm 
in both muscle and liver tissue (Kleinert and Degurse 1972). Results 
from the national duck-wing monitoring program of 1969-70 also 
revealed low levels. Mercury residues in most pools of Mallards and 
Black Ducks were at levels from 0.05 to 0.50 ppm (Heath and Hill 
1974). Adley and Brown (1972) found no mercury residues exceeding 
0.39 ppm in livers of Mallards from the state of Washington. Vermeer 
and Armstrong (1972) reported that average mercury levels were less 
than 0.63 ppm in Lesser Scaups (Aythya affinis). Pintails, Mallards, 
and Canvasbacks (Aythya valisineria) collected on the Canadian prairie. 
In contrast, a few studies found exceptionally high residues of 
mercury in waterfowl. Breast muscle samples from Blue-Winged 
Teals (Anas discors). Mallards, Common Goldeneyes (Bucephala 
clangula). Common Mergansers (Mergus merganser), and Hooded 
Mergansers (Mergus cucullatus), collected at Clay Lake, Ontario, all 
averaged over 6 ppm mercury (Vermeer et al. 1973). Fimreite (1974) 
reported average mercury concentrations of 46.6 and 50.8 ppm in the 
livers of Common Mergansers from Clay and Ball lakes, Ontario, 
respectively. Adley and Brown (1972) found mercury as high as 
58 ppm in the livers of mergansers (species not stated) from Washington. 
In comparison to the above published data, mercury residues 
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found in swans sampled in this study fall into the lower range of con­
centrations. 
Kleinert and Degurse (1972) also found low levels of mercury 
in three Whistling Swans collected at Beaver Dam Lake, Wisconsin. 
Mercury averaged 0.06 ppm in muscle tissue, ranging from 0.02 to 
0.13 ppm, and 0.16 ppm in liver tissue, ranging from 0.01 to 0.32 
ppm. 
These low levels of mercury found in Whistlers are too far 
below levels found in other avian species to indicate presently harmful 
or fatal effects. Fimreite and Karstad (1971) reported symptoms of 
poisoning in Redtailed Hawks (Buteo jamaicensis) when mercury con­
centrations in livers reached 20 ppm, while Borg et al. (1969) 
reported signs of intoxication in Pheasants (Phasianus colchicus) 
associated with liver mercury levels above 30 ppm and in Goshawks 
(Accipiter gentilis) with about 100 ppm (Borg et al. 1970). 
Mercury found in swans during this study was also below 
levels found to influence avian reproduction. Experimental studies 
with pheasants indicated that hatchability declined significantly at liver 
mercury levels of 3 to 13 ppm (Fimreite et al. 1970) and at egg 
mercury levels of 0.5 to 1.5 ppm (Fimreite 1971), or about twice as 
high as the maxima recorded in Whistlers. 
If Whistlers respond to mercury concentrations in a manner 
similar to that of other avian species tested, residues found in this 
study indicate minimal biological significance. 
CHAPTER V 
SUMMARY 
This study was undertaken to gain insight into the significance 
of lead, mercury, and organochlorine pesticides in Whistling Swans. 
Forty-five Whistling Swans were taken as a sample while 
migrating through Montana in the spring and fall of 1973 and analyzed 
for these chemicals. In addition, seven swan eggs were collected on 
breeding grounds in Alaska and analyzed for mercury and organo­
chlorine pesticides. 
Elevated concentrations of lead were found in seven of the 45 
swans sampled. In the spring sample of 15 swans, one had liver 
tissue levels indicating acute lead poisoning, three had one lead pellet 
each in its stomach, and one of these three had elevated lead levels in 
wing tissue indicating previous lead intoxication. In the fall sample of 
30 swans, two had elevated lead levels in wing tissues indicating 
previous lead intoxication and one had a lead pellet in its stomach. 
The incidence of lead found in swans is greater than that found in other 
waterfowl throughout the United States, but lower than revealed in 
studies confined to more localized wintering areas. 
Mercury residues in Whistling Swan tissues and eggs were 
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less than 0.6 ppm in all samples. In comparison to other monitoring 
studies of mercury in waterfowl, levels found in swans fall in the 
lower range of contamination. Given present knowledge, these 
mercury levels indicate minimal adverse effects on swans. 
Organochlorine pesticide residues were present in all samples 
at extremely low levels (less than 0.2 ppm). DDE and dieldrin were 
the most frequent pesticides found. Although reasons for the low levels 
are only speculative, such levels could be due to feeding habits, 
physiology, or history of exposure. Amounts foxind are well below 
quantities known to be detrimental to other avian species. 
The collection of specimens for this study provided an oppor­
tunity to examine sex and age variations in this species. 
The eight measurements taken during initial examination 
showed that, although males averaged larger than females of the same 
age class, the difference between most of the measurements was not 
statistically significant. With the possible exception of wing length, 
none of the measurements showed promise for discriminating between 
sexes. 
Between age classes in the fall sample, adults averaged 
larger than immatures and the differences between several of the 
measurements were statistically significant. In the spring sample, 
similar trends were not as apparent; however, sample size precluded 
meaningful interpretation. The only measurements taken which showed 
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promise to verify age estimates from plumage color were fall bill 
length and fall and possibly spring bursa depth. 
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SWAN MEASUREMENTS 
Total Wing Tarsus 
No. Age Sex Color Weight Bursa Length R L Extent Tail Bill R L 
SI A ? White 7507 2.1 124.6 49.5 50.0 205.0 16.5 10.5 13.3 13.4 
S2 A cf White 9179 1.5 129.8 53.0 52.0 199.0 20.0 10.5 13.9 13.9 
S3 A cJ White 8187 1.3 131.9 54.5 53.1 204.0 20.5 10.6 14.0 14.0 
S4 A cf White 8119 1.1 126.8 55.5 56.0 192.0 23.0 10.6 14.0 14.4 
S5 A d' White 6571 1.6 128.0 54.0 54.0 198.0 21.5 10.2 13.9 13.9 
S6 I d Gray- 6174 4.2 116.6 51.0 52.0 203.0 16.3 10.2 14.2 14.0 
S7 I cT Gray 6031 3.5 124.0 52.0 51.0 205.0 19.0 9.5 13.7 13.7 
S8 A ? White 6240 0.9 118.5 50.8 51.0 194.0 21.2 9.7 12.5 12.5 
S9 I ? Gray 5853 3.0 114.5 52.0 52.0 181.0 18.0 8.8 13.5 13.3 
SIO A ? White 6994 0.5 118.0 48.0 48.0 189.0 20.0 9.4 12.5 12.6 
Sll I d Gray 6320 3.0 122.5 54.5 54.2 199.0 18.5 9.3 14.6 14.4 
S12 I ? Gray 6073 3.0 122.0 51.4 51.0 202.0 15.0 9.5 14.2 14.0 
S13 A ? White 5856 2.5 119.0 50.2 50.5 198.0 20.6 9.9 13.0 13.0 
S14 A ? White 7139 3.0 118.0 52.0 52.5 199.0 18.0 10.1 13.4 13.5 
S15 A cf White 6038 2.4 118.0 50.0 51.2 197.0 21.4 9.8 13.5 13.5 
F1 A cf White 8634 2.2 121.1 54.5 54.5 N D 15.4 10.6 N D 14.1 
F2 I ? Gray 5141 4.2 114.0 46.0 48.0 171.0 13.5 7.3 13.1 13.1 
F3 I cf Gray 6520 4.0 119.3 52.0 51.0 201.0 15.0 8.8 12.3 12.7 
F4 I ? Gray 4009 4.1 109.0 46.5 48.0 180.0 15.0 7.6 13.2 ND' 
(See notes at end of Table.) 
SWAN MEASUREMENTS (continued) 
Total Wing Tarsus 
No. Age Sex Color W eight Bursa Length R L Extent Tail Bill R L 
F5 A ? White 7164 1.8 119.5 50.0 49.5 190.5 16.0 9.4 12.7 13.2 
F6 A ? White 5966 1.0 114.5 49.0 49.0 180.0 15.2 9.5 13.0 13.0 
F7 I d Gray 5885 3.5 119.5 51.0 52.0 196.0 16.0 8.1 13.7 ND' 
F8 A ? White 7861 1.0 125.5 53.0 52.0 203.0 15.0 10.4 14.2 13.9 
CD
 K>
 
A ND White N D N D 133.5 56.0 56.0 N D 15.5 11.0 N D ND 
FIO A d White 7356 2.2 118.5 55.0 53.5 197.0 19.0 9.8 14.0 14.0 
Fll A ? White 7291 2.6 123.5 52.0 51.0 187.0 17.0 9.5 13.5 12.9 
F12 A d* White 9255 0.9 131.0 56.0 56.0 194.0 15.5 10.4 15.6 15.6 
F13 I d" Gray 7227 5.0 116.5 52.0 53.0 194.0 14.0 8.5 14.6 14.6 
F14 I ? Gray 6465 5.0 109.0 50.5 50.0 193.0 14.5 8.2 13.5 13.3 
F15 A ? White 5709 1.6 122.0 52.0 51.0 201.0 16.0 10.1 13.4 12.4 
F16 I d* Gray 5319 3.8 120.0 52.0 51.5 186.0 14.5 7.6 14.5 14.1 
F17 I ? Gray 6302 4.8 121.5 52.0 52.0 188.0 16.0 7,8 14.2 14.5 
FIB A d- White 8171 3.0 123.5 53.0 54.0 183.0 20.0 10.5 14.2 14.1 
F19 A ? White 5630 0.3 122.5 50.5 50.0 197.0 16.0 9.6 13.0 13.0 
F20 A d" White 6742 1.3 129.0 54.0 55.0 187.0 17.0 10.5 13.4 13.3 
F21 A d* White 5365 1.6 127.0 55.0 54.5 211.0 16.5 10.5 14.4 14.6 
F22^ I ND Gray N D N D N D N D N D N D N D N D N D ND 
F23'* A ? White N D 0.5 130.0 52.0 51.0 208.5 17.0 9.6 13.6 13.7 
(See notes at end of Table.) 
SWAN MEASUREMENTS (continued) 
Total Wing Tarsus 
No. Age Sex Color W eight Bursa Length R L Extent Tail Bill R L 
F24 I ? Gray 5322 4.2 113.0 50.5 49.0 192.0 16.5 9.0 13.0 13.0 
F25 I cC Gray 4435 3.1 116.0 51.0 50.5 188.0 18.5 8.9 13.7 13.4 
F26 A (f White 7100 0.8 129.5 54.5 54.5 205.0 17.0 11.0 14.2 14.0 
F27 I d Gray 5928 
C
D
 C
O
 
118.5 49.0 52.0 190.0 13.5 8.4 13.5 13.5 
F28 I d* Gray 4516 3.2 110.0 50.0 50.5 188.0 12.5 8.7 14.0 14.0 
F2 9 I cT Gray 2896 3.2 111.5 49.0 48.5 195.0 16.0 7.5 13.4 13.1 
F30 I ? Gray 2930 3.1 108.0 50.0 50.0 189.5 15.5 7.8 12.6 13.0 
^ Tarsus was broken. 
^Swan was drawn at time of examination. 
^Bird was not examined; hunter sampled liver and wing tips and contributed them to study. 
''Breast muscle removed by hunter before examination of bird. 
See additional notes on following page. 
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Measurements Parameters 
g 
cm - depth measured from dorsal wall of the cloaca to 
bottom of bursa. 
Total length -cm - measured from tip of the bill to the tip of the 
longest rectrix with swan on its back. 
Wing - cm - measured from the bend of the wing to the tip of the 
longest primary. 
Extent - cm - measured from tip to tip of the longest primaries of 
the outstretched wings with swan on its back. 
Tail - cm - measured from the tip of the longest rectrix to the 
point between the middle rectrices where they 
emerge from the skin. 
Bill - cm - measured from the tip of the upper mandible in a 
straight line to the anterior edge of the lores. 
Tarsus - cm - measured from the point of the joint between the 
tibia and metatarsus to the point of the joint at the 
base of the middle toe in front. 
Weight -
Bursa -
63 
EGG MEASUREMENTS 
No. 
Weight 
(g) 
Dimensions 
(mm) 
Shell Thickness^ 
(mm) 
El 201 102.2 X 65,8 0.763 
E2 199 103.1 X 65.0 0.764 
E3 212 103.2 X 65.5 0.801 
E4 253 111.5 X 67.7 0.704 
E5 266 114.6 X 69.4 0.803 
E6 236 102.4 X 68.4 0.965 
E7 233 106.1 X 67.0 0.866 
^Shell thickness was measured at three 
points on the equator of each egg with a micrometer 
graduated in units of 0.01 mm. 
